
Efficient antigen presentation by DCs re-
quires regulated lysosomal protein degradation
(21, 22). However, the requirements for presen-
tation on MHCII and cross-presentation on
MHCI differ in that MHCII processing occurs
inside endosomes, whereas cross-presentation on
MHCI necessitates antigen escape from the endo-
some into the cytoplasm to gain access to the
proteasome andTAP transporters (19, 20, 23–25).
Elegant in vitro experiments with cultured DCs
show that during DC development, antigen
presentation is regulated through control of
lysosomal processing and MHCII cell surface
transport (21, 22, 26–28). Cultured immature
DCs capture antigen but only process and present
it on MHCII after exposure to inflammatory
stimuli or TLR ligation (22). This unique ability
to sequester antigens may be important for their
preservation during DC transit from sites of in-
flammation to lymphoid organs and might facil-
itate the escape of antigen from endosomes to the
cytoplasm or endoplasmic reticulum for cross-
presentation (21). However, DCs that fail to de-
grade antigen might also be suboptimal producers
of MHCII-p. Our experiments show that in the
intact host, this problem is resolved by producing
a subset of DCs specialized for maximizing
MHCII presentation. Although CD8+DEC205+

DCs can initiate immune responses by presenting
on MHCII, CD8−33D1+ DCs excel in producing
MHCII-p. This specializationmay have important

implications for understanding the initiation of
T cell responses in vivo and for rational vaccine
design.
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Differential Transmission of Actin
Motion Within Focal Adhesions
Ke Hu,* Lin Ji,* Kathryn T. Applegate, Gaudenz Danuser,† Clare M. Waterman-Storer†

Cell migration requires the transmission of motion generated in the actin cytoskeleton to the
extracellular environment through a complex assembly of proteins in focal adhesions. We developed
correlational fluorescent speckle microscopy to measure the coupling of focal-adhesion proteins to
actin filaments. Different classes of focal-adhesion structural and regulatory molecules exhibited
varying degrees of correlated motions with actin filaments, indicating hierarchical transmission of
actin motion through focal adhesions. Interactions between vinculin, talin, and actin filaments appear
to constitute a slippage interface between the cytoskeleton and integrins, generating a molecular
clutch that is regulated during the morphodynamic transitions of cell migration.

Directed cell migration involves spatio-
temporal orchestration of protrusion at
the leading cell edge, adhesion of the

protrusion to the extracellular matrix (ECM),
pulling against the adhesions to translocate the
cell body, and weakening of the adhesion at the
cell rear for advancement (1). In this process,
actin filaments (F-actin) must couple to the ECM

through the plasma membrane (1–3) via focal
adhesions (FAs) to translate actin polymeriza-
tion and/or actin-myosin contraction into cell
motion. FAs are complexes of >100 different
proteins linking F-actin to clustered transmem-
brane integrin ECM receptors (2, 4). Regulating
the attachment between F-actin and integrins via
proteins within FAs is thought to be critical for
controlling the spatiotemporal variability of pro-
trusion and traction (5) and the ability of cells to
respond to mechanical cues.

It is well established that F-actin and FAs are
coupled to each other. Many FA proteins bind
directly or indirectly to F-actin (6–8) and/or

integrins (9–13). Contractile actomyosin bun-
dles are often rooted in FAs (2, 4), and per-
turbations of actomyosin cause changes in
FAs and vice versa (2). Although the impor-
tance of spatiotemporal coordination between
FAs and F-actin in cell migration is well ap-
preciated (2, 14, 15), it is not known which
FA molecules interact with F-actin in living
cells, and the dynamics of molecules within
these two assemblies have never been analyzed
simultaneously. Predicting how FA proteins
behave in vivo by biochemical data alone is
impossible because of the complexity of their
interactions (4).

To study the dynamic interactions between
F-actin and FAs, we combined total internal re-
flection fluorescence microscopy (TIRFM) and
fluorescent speckle microscopy (FSM). TIRFM
optimizes image contrast at the ventral cell–
ECM/coverslip interface where cortical F-actin
integrates with FAs. FSM marks macromolec-
ular assemblies with fluorophore clusters called
speckles (fig. S1). Computational tracking of
speckle motion allows mapping of protein dy-
namics with submicron resolution (16, 17). We
studied PtK1 cells migrating on coverslips, on
which they organized a fibronectin-containing
ECM (fig. S2).

To determine the spatial relations between
FAs and F-actin flow, we captured image pairs
using TIRFM of green fluorescent protein
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(GFP)–vinculin and TIR-FSM of X-rhodamine
actin (Fig. 1). As seen previously (16), the nar-
row meshwork of F-actin in the lamellipodium
underwent rapid retrograde flow from the lead-
ing edge toward the cell center. Proximal to this,
F-actin retrograde flow in the lamella was slower.
An overlay of FAs onto the F-actin flow map
revealed that the negative flow speed gradient at
the lamellipodium/lamella junction corre-
sponded to the distal boundaries of FAs (Fig.
1, C and D). Thus, FAs may locally dampen
flow by engaging F-actin to the ECM. The
global slowing of F-actin flow in the lamella is
probably due to the uniform distribution of FAs
and the small inter-FA spacing in this cell
region. Despite the slowing, F-actin retrograde
flow within FAs was substantial and coherent
(Fig. 1C) (18). Thus, if an interaction between
FA proteins and F-actin occurs in living cells,
movement of proteins within FAs is likely.

To analyze the motion of proteins within
FAs, we performed TIR-FSM on cells ex-
pressing three classes of GFP-conjugated FA
proteins: first, a fibronectin-binding integrin
(GFP–av integrin coexpressed with untagged b3
integrin); second, FA proteins capable of binding

directly to F-actin [a-actinin (6), vinculin (8, 19),
and talin (6, 20)]; and third, FA “core” proteins
that do not bind F-actin or the ECM directly but
include structural and signaling molecules [paxil-
lin (9, 21), zyxin (12), and focal-adhesion
kinase (FAK) (13)]. We focused on FAs in the
~100-nm-thick leading-edge lamella, where F-
actin forms transverse bundles, isotropic net-
works, and stress fibers (22), all of which are
within the evanescent excitation field. FA
speckles were tracked within segmented FA
regions, and average speckle speeds and coher-
encies were computed (18). Monte Carlo
simulations showed that random binding and
dissociation of fluorescent molecules to and
from an immobile FA produced speckle veloc-
ities <0.05 mm/min and coherencies <0.4 on a
scale of 0 to 1 (fig. S7), similar to measurements
of X-rhodamine–actin speckles imaged in a
fixed cell (18) and thus defining the detection
limit of our measurements.

We found highly diverse behaviors of the
seven GFP–FA proteins within FAs (Fig. 2 and
tables S1 and S2). Speckles consisting of FA
proteins with no known F-actin–binding activity
moved slowly and mostly incoherently (Fig. 2,
movies S1 to S3, and tables S1 and S2). Of
these, GFP–avb3 integrin was the slowest and
the most incoherent (Fig. 2C and movie S1),
probably due to its immobilization by binding to
the ECM on the coverslip. FA core proteins
were slightly more motile than avb3 integrin,
with a retrograde directional bias in their move-
ment (Fig. 2, D to F). GFP-zyxin and GFP-
paxillin moved somewhat more coherently than
GFP–avb3 integrin, whereas GFP-FAK speckles
moved faster than GFP–avb3 integrin (Fig. 2, D
to F; movie S2; and tables S1 and S2).

In contrast, all three GFP-tagged FA actin–
binding proteins moved coherently within the
FAs. The dynamics of FA actin–binding proteins
were significantly different from those of both the

Fig. 1. F-actin motion relative to FAs at the
leading edge of a migrating PtK1 epithelial
cell. (A) TIR-FSM image of X-rhodamine actin
and (B) TIRF image of GFP-vinculin. (C) Velocity
vectors of F-actin speckle motion averaged over
100 s are overlaid on the TIRF image of GFP-
vinculin. (D) Color-coded map of F-actin speed,
with FAs outlined in gray.

Fig. 2. The motions of different proteins within FAs are diverse. (A) Classes of FA molecules analyzed.
FA-actin–binding proteins, green; FA core proteins, purple; integrins, orange. (B) TIR-FSM image of a cell
coexpressing GFP–av integrin and untagged b3 integrin. White frame, region shown in (C), on the right.
(C to I) Velocity vectors (left) and speed maps (right, boxed area shown at left) of seven GFP-tagged FA
proteins analyzed by TIR-FSM. (J and K) Average speed and velocity coherency of FA molecules [also see
tables S1 and S2 (18) and fig. S3A].
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integrin and core proteins and also from each
other (Fig. 2, G to I; movie S3; and tables S1 and
S2). GFP–a-actinin speckles moved fastest and
most coherently. GFP-vinculin speckles moved
slowly but highly coherently, whereas GFP-talin
speckle motion was the least coherent of all three,
but it was significantly faster than vinculin.
Speed maps revealed that speckle speeds could
vary within individual FAs and between adjacent
FAs (Fig. 2, C to I). None of these FA proteins
possess motor activity or interact with motor
proteins, which suggests that their motion is
influenced by interactions with other dynamic
cell components, such as F-actin.

To determine whether the motion of proteins
within FAs was related to F-actin flow, we devel-
oped correlational FSM to quantify the degree of
motion correlation between GFP-FA and X-
rhodamine–F-actin speckles (18). As verified by
Monte Carlo simulations, a high degree of

speckle motion correlation indicates concerted
movement of molecules as part of the same
macromolecular ensemble, mediated by direct or
indirect interactions. We tracked speckle motion
within FAs in both channels and interpolated
speckle velocities onto a common 0.45-mm–by–
0.45-mm grid to allow comparison of pairs of FA
and F-actin flow vectors (fig. S3).

To determine the dependency between the
velocities of FA protein and F-actin speckles,
we performed linear regression of scatter plots
of FA versus F-actin speckle velocities aver-
aged within individual FAs (Fig. 3A and fig.
S5A). This revealed velocity correlations be-
tween F-actin and the FA actin–binding proteins
vinculin, a-actinin, and talin. The relatively low
correlation coefficient for talin indicated a high
variability in the talin–F-actin interaction.

To estimate the extent of molecular coupling
between F-actin and FA molecules, we com-

puted two parameters: direction coupling score
(DCS = cos q, where q is the angle between
paired FA and F-actin vectors), to measure the
directional similarities between FA and F-actin
speckle motions, and velocity magnitude cou-
pling score (VMCS) (Fig. 3B and fig. S3), to
measure relative FA speckle motion along the
local F-actin flow axis, thus accounting for both
direction and speed. For identical speckle flow
fields, both DCS and VMCS are equal to 1 (see
Fig. 3, G to H; tables S3 to S5; and fig. S4 for
analysis of GFP- and Alexa 568–actin in the
same cell).

Analysis of FAs in the lamella revealed that
couplings between different FA molecules and
F-actin were highly diverse (tables S4 and S5).
FA core proteins and avb3 integrin both exhibited
a DCS and a VMCSmuch less than 1 (Fig. 3, fig.
S5, movies S5 to S8, and tables S4 and S5).
Therefore, a substantial portion of the motion of

Fig. 3. Correlational FSM
reveals that proteins with-
in FAs are differentially
coupled to F-actin motion.
(A) FA versus F-actin speckle
motions. Each point repre-
sents the average FA and F-
actin speckle velocities with-
in one FA at one time step.
Correlation coefficients (r)
and two times the standard
deviation are indicated
(bootstrap regression, 200
trials). Y, FA protein veloc-
ity; X, F-actin velocity. (B)
Definitions of DCS and
VMCS [also see (18) and
fig. S3]. VFA and Vact are
the actual velocity mea-
surements, and V c

FA and
V c

act are the coupled com-
ponents of the flow vec-
tors. (C to F) Correlational
FSM analysis of GFP–avb3
integrin (C), paxillin-GFP
(D), vinculin-GFP (E), and
a-actinin–GFP (F). From
left to right in each panel
are FA speckle velocity, F-
actin speckle velocity, an
overlay of the two veloc-
ities, and a color-coded
DCS map. (G and H) Aver-
age DCS (G) and VMCS (H)
between FA molecules and
F-actin (averages from sev-
eral cells, tables S4 and
S5). Red, scores for a cell
containing GFP-actin and
Alexa 568–actin (fig. S4).
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FA core proteins and avb3 integrin was not
related to F-actin flow but was probably caused
by interactions with other binding partners
within FAs that immobilize them or deviate their
motion from the F-actin flow axis. Alternatively,
binding and dissociation of FA proteins to and
from FAs could also generate random minor
speckle displacements (figs. S6 and S7).

The motions of FA actin–binding proteins
within FAs all showed significantly greater
coupling to F-actin motion than did core proteins
and avb3 integrin, although they were clearly
different from each other (movies S9 to S11 and
tables S4 and S5). a-Actinin displayed the
highest coupling to F-actin motion (movie S11).
This is expected because a-actinin mimics the
kinematics of F-actin throughout the cell,
indicating its tight association with F-actin,
irrespective of localization (23, 24). Both vincu-
lin and talin were significantly, yet partially,
coupled to F-actin motion, indicating partial

transmission of F-actin motion to these proteins
within FAs (tables S4 and S5).

Mapping local DCS revealed heterogeneity in
coupling between F-actin and FA proteins within
individual FAs and between adjacent FAs (Fig. 3,
C to F). To see whether this heterogeneity was
related to whole-FA dynamics or cell migration
behavior, we performed correlational FSM for
vinculin and F-actin (Fig. 4A and movie S12) at
the leading edge of a cell where one area
protruded and an adjacent area retracted (Fig.
4A). The protrusive area contained a FA that
remained stationary, whereas the FA in the
retracting area slid rearward and later stabilized
(Fig. 4A). In the stationary FA, the speeds of F-
actin and vinculin speckle flow and the DCS and
VMCS between F-actin and vinculin remained
relatively constant, with only small fluctuations
over time (Fig. 4B). In contrast, in the sliding FA,
the speeds of actin and vinculin and their VMCS
and DCS increased before FA sliding (Fig. 4C).

The coupling between vinculin and F-actin
peaked during FA sliding and decreased before
FA stabilization. Thus, dissociation of vinculin
from a less mobile FA component and stable
vinculin–F-actin binding may initiate FA dis-
engagement from the ECM, whereas partial
coupling between vinculin and F-actin may be
necessary for establishing and/or maintaining the
engagement between the FA and the ECM.

Our direct analysis of the dynamic inter-
actions between FA components and F-actin in
living cells reveals that the efficiency of motion
transmission from F-actin to FA proteins within
FAs decreased from actin-binding proteins to
FA core proteins to integrin, defining a hierar-
chical slippage clutch. This is likely to be the
result of differential transmission of F-actin–
based force through a network of transient
protein-protein interactions in FAs. Partial cou-
pling of talin and vinculin to F-actin motion
could represent these molecules spending part of

Fig. 4. Vinculin–F-actin
coupling is time-modulated
during the retraction of a
FA. (A) Images of GFP-
vinculin (green) and X-
rhodamine–actin (red).
Blue arrow, stable FA in
a protrusive cell region;
yellow arrow, sliding FA
in a retracting cell re-
gion; white frames, regions
of interest analyzed by
FSM in (B) and (C). (B
and C) Temporal variation
of F-actin and vinculin
speckle speeds, DCS, and
VMCS within a stable (B)
and a sliding (C) FA. Top
left panels show graphs of
average speeds of F-actin
(red) and vinculin (green)
speckles, vinculin-actin
VMCS (blue), and vinculin-
actin DCS (pink). Bottom
left panels show kymo-
graphs of GFP-vinculin
taken along the axes of
arrows in (A). The position
of the cell edge in white
shows that the FA remains
stationary in (B), whereas
in (C) the FA initiates
sliding at ~4 min (left ar-
row) and stops at ~12 min
(right arrow). Right panels
show maps of vinculin and
actin speckle speeds and
DCS. During retraction and
FA sliding, vinculin alters
its binding to F-actin. Time
is given in hour:min:sec.
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their time bound to moving F-actin and part of
their time bound to a less mobile FA compo-
nent, thus identifying these proteins as a site of
slippage in the F-actin/FA interface. Alternative-
ly, differential coupling of FA proteins to
transverse actin bundles and stress fibers in the
lamella could contribute to the observed effect.
However, given the local slowing of F-actin
flow in the FA in the lamella and the bio-
physical evidence implicating talin and vinculin
in force transmission in the FA (20, 25, 26), we
suspect that these proteins form transient link-
ages across the slippage interface, resulting in
force-transducing slip-stick friction between
F-actin and the ECM. The degree of molecular
motion transmission through the FA was regu-
lated, and it was correlated with protrusion and
retraction events during cell migration. There-
fore, FA internal molecular kinematics may be a
key element in the integrin-mediated translation
of intracellular biochemistry into cellular me-
chanics during cell and tissue morphogenesis, or
in the reception of extracellular mechanical
signals to mediate sensory perception, tissue
maintenance, and differentiation (27).
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Live-Cell Imaging of Enzyme-Substrate
Interaction Reveals Spatial
Regulation of PTP1B
Ivan A. Yudushkin,1* Andreas Schleifenbaum,1* Ali Kinkhabwala,1*
Benjamin G. Neel,2 Carsten Schultz,1 Philippe I. H. Bastiaens1†

Endoplasmic reticulum–localized protein-tyrosine phosphatase PTP1B terminates growth factor
signal transduction by dephosphorylation of receptor tyrosine kinases (RTKs). But how PTP1B
allows for RTK signaling in the cytoplasm is unclear. In order to test whether PTP1B activity is
spatially regulated, we developed a method based on Förster resonant energy transfer for imaging
enzyme-substrate (ES) intermediates in live cells. We observed the establishment of a steady-state
ES gradient across the cell. This gradient exhibited robustness to cell-to-cell variability, growth
factor activation, and RTK localization, which demonstrated spatial regulation of PTP1B activity.
Such regulation may be important for generating distinct cellular environments that permit RTK
signal transduction and that mediate its eventual termination.

Protein-tyrosine phosphorylation is widely
used by eukaryotic cells to transduce signals,
but the dynamic interplay between receptor

tyrosine kinases (RTKs) and protein-tyrosine

phosphatases (PTPs) remains poorly understood
(1, 2). The protein tyrosine phosphatase–1B
(PTP1B) resides on the surface of the endoplas-
mic reticulum (ER) (3, 4) and helps terminate
signaling by multiple RTKs, including the
epidermal growth factor receptor (EGFR) (5).
Previous reports demonstrate that RTK signaling
occurs at the plasma membrane and endosomes
(6), and its termination occurs along the ER sur-
face (7–11). Because PTP1B has much higher spe-
cific activity than typical RTKs in vitro (12, 13),
uniformly high PTP1B activity along the ER
could prevent endosomal RTK signaling. To

account for compartmentalized RTK signaling,
we hypothesized that PTP1B might exist inside
cells as spatially separated subpopulations with
different kinetic properties.

To test this hypothesis, we developed an
imaging approach based on Förster resonant
energy transfer (FRET) to spatially resolve
enzyme-substrate (ES) interactions and thereby
to monitor enzyme activity in live cells (Fig.
1A) (11). We tagged PTP1B with a donor
chromophore by fusion to a genetically encoded
fluorescent protein, and conjugated the sub-
strate, a synthetic phosphotyrosine-containing
peptide, to an acceptor chromophore (Fig. 1B).
For Michaelis-Menten kinetics, the steady-state
fraction (a) of ES complex to total enzyme (E0)
is as follows:

a = ES/E0 = S/(KM + S) (1)

where S is the substrate concentration, andKM is
the Michaelis-Menten constant. The fraction a
can be mapped across the cell by quantitatively
imaging FRET with the use of fluorescence
lifetime imaging microscopy (FLIM) (14–16).

We first tested whether formation of the ES
intermediate could be detected by FRET in vitro.
To stabilize the ordinarily transient ES inter-
mediate and thereby to facilitate FRET detection,
we used the purified enhanced green fluorescent
protein (EGFP)–tagged catalytically impaired
mutant of PTP1B that retains substrate-binding
ability (residues 1 to 321, PTP1BD181A, in which
Ala181 was substituted for Asp) (17, 18). Indeed,
FRET in the ES complex was apparent, as in-
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